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Abstract

A variety of challenges arise when monitoring wildlife populations for disease. Sampling tissues can be invasive to

hosts, and obtaining sufficient sample sizes can be expensive and time-consuming, particularly for rare species and

when pathogen prevalence is low. Environmental DNA (eDNA)-based detection of pathogens is an alternative

approach to surveillance for aquatic communities that circumvents many of these issues. Ranaviruses are emerging

pathogens of ectothermic vertebrates linked to die-offs of amphibian populations. Detecting ranavirus infections is

critical, but nonlethal methods have the above issues and are prone to false negatives. We report on the feasibility

and effectiveness of eDNA-based ranavirus detection in the field. We compared ranavirus titres in eDNA samples

collected from pond water to titres in wood frog (Lithobates sylvaticus; n = 5) tadpoles in sites dominated by this

one species (n = 20 pond visits). We examined whether ranavirus DNA can be detected in eDNA from pond water

when infections are present in the pond and if viral titres detected in eDNA samples correlate with the prevalence or

intensity of ranavirus infections in tadpoles. With three 250 mL water samples, we were able to detect the virus in all

visits with infected larvae (0.92 diagnostic sensitivity). Also, we found a strong relationship between the viral eDNA

titres and titres in larval tissues. eDNA titres increased prior to observed die-offs and declined afterwards, and were

two orders of magnitude higher in ponds with a die-off. Our results suggest that eDNA is useful for detecting rana-

virus infections in wildlife and aquaculture.
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Introduction

Infectious disease is a growing concern to ecologists
because of the potential threat disease outbreaks pose to
population dynamics and biodiversity. Accurately, char-
acterizing the presence and absence of a pathogen is nec-
essary for understanding host–pathogen ecology and
protecting vulnerable populations from disease-related
die-offs. Pathogen detection is also critical for identifying
environmental conditions conducive to disease out-
breaks. Furthermore, detecting infections when they are
rare affords wildlife managers the opportunity to inter-
vene and potentially prevent epidemics.

Detecting pathogens in wildlife populations presents
a variety of challenges. First, sampling tissues for surveil-
lance can be invasive or lethal for the hosts. Also, obtain-
ing sample sizes large enough to have statistical
confidence, particularly when the pathogen prevalence is
low, can be difficult. For example, to be 95% confident

that the prevalence of infection is <10%, one must find
zero infections in ~30 individuals with a perfectly sensi-
tive diagnostic test; this sample size doubles to detect
infections at <5% prevalence with the same level of cer-
tainty (Cameron & Baldock 1998). Obtaining sufficient
sample sizes can be expensive and time-consuming, par-
ticularly for elusive and rare species, which are often a
priority in conservation biology. Lastly, there may be
unknown and unaccounted-for biases in the probability
of capturing infected vs. uninfected individuals, which
can skew estimates of prevalence and other important
metrics of infection or disease burden (Cooch et al. 2012).

Environmental DNA (eDNA)-based detection of
pathogens is an alternative approach to pathogen
surveillance for aquatic species that circumvents many
of these issues. Rather than directly isolating and detect-
ing the pathogen of interest in hosts, DNA is extracted
from an environmental sample such as pond water and
tested with species-specific PCR primers (Ogram et al.
1987). Here we define eDNA as trace DNA in an envi-
ronmental sample (e.g. water or soil) which can be

Correspondence: Emily M. Hall, Fax: +1 509-335-3184; E-mail:

emily.m.hall@wsu.edu

© 2015 John Wiley & Sons Ltd

Molecular Ecology Resources (2015) doi: 10.1111/1755-0998.12461



contained in shed or degraded host tissue, or pathogens
free in the environment (see definition in Bohmann et al.
2014). Because eDNA sampling does not involve captur-
ing or handling animals, there is little stress or impact on
the hosts. Importantly, collecting water samples is much
easier and more cost-effective than sampling large num-
bers of individual animals and does not become more
difficult with rare species. Furthermore, eDNA samples
can potentially detect very low levels of pathogen DNA
and even multiple pathogens simultaneously. Simple
field collection with minimal specialized equipment, fast
processing time, high sensitivity and relatively low cost
make eDNA an attractive method for disease surveil-
lance in aquatic wildlife populations.

Because of these benefits, eDNA-based methods have
been used by the United States Environmental Protection
Agency and others for testing wastewater effluent and
groundwater for human diseases with high analytic sen-
sitivity and specificity (e.g. Mattison & Bidawid 2009;
Staley et al. 2012), and for aquacultural pathogens of fish
(Minamoto et al. 2009, 2011). These assays, however,
have been used to simply detect pathogen presence or
absence in the environment and have not been compared
to rates of infection in hosts. As pathogen distribution is
generally aggregated in host populations (Crofton 1971),
and pathogen shedding rate can be affected by host
physiology or environmental factors, the relationship
between pathogen eDNA levels and prevalence of infec-
tion is not straightforward and is probably different than
the relationship between eDNA levels of vertebrate spe-
cies and their abundances. In short, if eDNA-based
pathogen detection is to be truly useful in pathogen
surveillance programmes, we must determine its diag-
nostic sensitivity (probability of detecting a truly positive
or infected population) and diagnostic specificity (proba-
bility of correctly identifying uninfected populations as
negative) as well as estimate the correlation between
pathogen titres in eDNA samples and the prevalence
and intensity of the pathogen in hosts living in the envi-
ronment.

Environmental DNA-based methods of pathogen
surveillance would be particularly useful for monitoring
pathogens in amphibian populations. Emerging patho-
gens, such as Batrachochytrium dendrobatidis (Bd), Batra-
chochytrium salamandrivorans (Bs) and ranaviruses, are
major threats to amphibian populations (Alford &
Richards 1999; Stuart et al. 2004; Mendelson et al. 2006;
Rachowicz et al. 2006; McCallum 2007; Hayes et al. 2010;
Blaustein et al. 2011; IUCN 2013; Martel et al. 2013).
Walker et al. (2007) detected Bd eDNA in ponds in Europe
and were able to detect a minimum of one Bd zoospore in
50 mL of water, a high analytic sensitivity; because they
did not sample animals, the diagnostic sensitivity is
unknown. Kirshtein et al. (2007) evaluated recovery of Bd

eDNA in spiked pond water and had an average of
37.4 ! 15.1% recovery rate. Hyman & Collins (2012) used
an eDNA-based approach to detect Bd in amphibian
breeding ponds and had an estimated detection probabil-
ity of 0.45 per sample (Schmidt et al. 2013). Recently,
Chestnut et al. (2014) detected Bd in 47% of sites with
eDNA samples when occupancy modelling predicted
61% detection probability. These results are promising for
monitoring Bd; still there is no assessment of the feasibil-
ity of using eDNA to detect ranaviruses, which are diffi-
cult to detect using other nonlethal methods.

Ranaviruses are emerging pathogens of amphibians
and other ectothermic vertebrates associated with mass
mortality events around the world (Gray et al. 2009;
Miller et al. 2011; Chinchar & Waltzek 2014; Duffus et al.
2015). Ranavirus infections and die-offs are common in
wood frog populations (Duffus et al. 2015). Unfortunately,
consistently detecting ranavirus infections with nonlethal
methods, such as tail or toe clips, and skin swabs, remains
a challenge for amphibians (Greer & Collins 2007; St-
Amour & Lesbarr!eres 2007; Gray et al. 2012) because they
produce false negatives and, at least with swabs, false
positives. Accurate diagnosis of ranavirus infections gen-
erally requires testing liver or interrenal tissues and thus
lethal sampling (Greer & Collins 2007). Because ranavirus
is shed into the water from infected individuals (Brunner
& Collins 2009; Robert et al. 2011) detecting ranavirus
eDNA from water samples should be possible.

In this study, we report on the feasibility and effec-
tiveness of eDNA-based ranavirus detection in the field.
We compared ranavirus titres in eDNA collected from
water to titres in wood frog (Lithobates sylvaticus) tad-
poles from sites dominated by this one species. Our
questions were as follows: (i) can ranavirus DNA be
detected in eDNA samples from ponds when infected
tadpoles are present, and (ii) do viral titres detected in
eDNA samples correlate with the prevalence and inten-
sity of ranavirus infections in tadpoles?

Methods

Ethics statement

This research was approved by the Animal Care and Use
Committee (Protocol #04366-002) of Washington State
University. Collections were approved by the Connecti-
cut Department of Energy and Environmental Protection
(Scientific collections permit #1114003) and Yale Myers
Forest (YMF).

Field collections

As part of a project examining landscape epidemiology
of wood frog—ranavirus dynamics, we surveyed 20
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wood frog ponds in the mixed hardwood forests of YMF
in northeastern Connecticut, USA, twice between 16 June
and 7 July 2013. The permanent and ephemeral wetlands
in YMF have been monitored for amphibian population
dynamics and demography for at least a decade (Skelly
2004; Skelly et al. 2006). Anecdotal observations of
amphibian larvae with swollen hind limbs and bodies
and ‘red leg’ during die-off events in previous years are
consistent with ranavirus infection, but also with
infection by other parasites such as digenean flatworms
(Kiesecker & Skelly 2000). In a retrospective study, etha-
nol-preserved, moribund wood frog tadpoles and spot-
ted salamander larvae collected from several ponds in
this area tested positive for ranavirus with PCR as early
as 2002 (J. L. Brunner, unpublished), suggesting that at
least some of these die-offs may have been caused by
ranavirus infections.

While several amphibian species occur in these
ephemeral wetlands such as spotted salamanders (Am-
bystoma maculatum), green frogs (Lithobates clamitans) and
bullfrogs (Lithobates catesbeianus), from spring to early
summer wood frog larvae account for the majority of
vertebrate biomass (e.g. Skelly 2004). For this reason and
because wood frog larvae are highly susceptible to rana-
virus infection (Harp & Petranka 2006; Warne et al.
2011), we used ranavirus detected in wood frog tadpoles
as a surrogate for detection at the site level. However,
apparent false positives in eDNA samples could be
accounted for by infection in other species. We therefore
selected fishless vernal pools in which wood frogs were
known to breed at high abundance for our study.

Ponds were mostly homogenous single basin vernal
pools; however, some sites had heterogeneity in micro-
habitat where small connected pools were created by tus-
socks, logs and bushes of mountain laurel. Sites were
considered independent if there were no above-ground
hydrological connections seen and were chosen based on
high wood frog larvae abundance. Most sites also had
spotted salamander larvae at much lower densities (ca.
109 lower), and occasionally, several adult green frogs
and bullfrogs were observed. Because mortality events
cannot be predicted and laboratory experiments have
shown susceptibility to ranavirus in wood frog larvae
varies by development stage (Warne et al. 2011; but see
Haislip et al. 2011), we attempted to standardize collec-
tion by development stage. We collected samples before
wood frogs reached metamorphic climax (when larvae
develop front limbs and begin tail reabsorption) and after
metamorphic climax but before the new metamorphs dis-
persed. Timing of these events varied between sites due
to differences in pond characteristics which influence
development rate. We also attempted to avoid ponds
where concurrent herpetological research was occurring;
however, we had difficulty finding enough ponds with

abundant wood frog larvae that met this criterion, so 9 of
the 20 had at least some visits by other researchers. All
equipment and waders were decontaminated with 10%
bleach between pond visits during this study.

Environmental DNA sampling (water filtering)
occurred before entry into each pond. Three water sam-
ples were collected at distinct locations (north, east and
west) along the shore. At each location, 250 mL of surface
pond water (ca. 10 cm deep) was collected using a dis-
posable paper cup and filtered through a sterile 0.2-lm
cellulose nitrate filter (Nalgene Analytical Filter funnels,
CAT# 145-2020; ThermoScientific, Waltham, MA, USA)
using a hand pump and a vacuum flask. The filter was
then removed with a clean nitrile glove, folded and stored
in 100% ethanol in 2-mL microcentrifuge screwcap tubes.

We approximated larval density per unit effort on the
first visit of each pond using dip net surveys standard-
ized by the pond area. Surveys were completed by one
person (E.M. Hall) at each site. Ponds <300 m2 were sur-
veyed for 10 min, ponds between 300 and 1000 m2 were
surveyed for 20 min, 1000 and 1500 m2 surveyed for
30 min, and ponds >1500 m2 were surveyed for 40 min.
All wood frog and spotted salamander larvae were
counted separately and then released, and the presence
of amphibian species was also noted as they are possible
carriers of ranavirus.

Lastly, in 12 of the 20 ponds monitored, we collected
five larval wood frogs during each pond visit immedi-
ately after collecting eDNA samples. The tadpoles were
selected haphazardly along a transect through the length
of the pond. Larvae were immediately euthanized in
10% benzocaine and then stored individually in 10 mL
of 100% ethanol until they could be developmentally
staged according to Gosner (1960) and liver tissue
dissected for DNA extraction.

We checked sites once a week for carcasses to observe
ranavirus-associated die-off events, however, due to time
constraints could not take eDNA samples at all of those
times. We considered the start of a die-off event the first
day that ≥5 amphibian carcasses were observed. Car-
casses were collected and screened for ranavirus DNA to
verify its involvement in observed mortality. Because of
the unpredictable nature and rapid onset of die-off
events, we could not sample water at the same point dur-
ing the progression of an epidemic at each site, thus both
the number of carcasses and live larvae were counted
(using aforementioned survey protocol) to determine the
proportion dead at the time of the pond visit which
concurred with a die-off event.

Extractions and qPCR

Filters were extracted using the Qiashredder/DNeasy
Blood & Tissue kit (Qiagen, Valencia, CA, USA) method
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of Goldberg et al. (2011) in a laboratory dedicated to low-
quantity DNA samples. Researchers are required to
shower and change clothes before entering this room
after being in a high-quality DNA or post-PCR labora-
tory, and no amphibian tissues have been handled in this
room. One DNA extraction was conducted for each filter.
A negative extraction control was included with each set
of extractions.

We dissected liver from wood frog larvae in a sepa-
rate laboratory using flame-sterilized instruments and
extracted DNA using manufacturer’s protocol of the
DNA Blood and Tissue kit (Qiagen). Both eDNA and tis-
sue samples were diluted to 20 ng/lL of DNA (mea-
sured with NanoDrop-2000; Thermo-Scientific) to meet
the recommended concentration of template DNA in
PCR assays, then screened for ranavirus DNA in triplicate
20 lL reactions (TaqMan Gene expression master mix;
Applied Biosystems, ThermoFisher) on 96-well plates
with 5 lL of DNA template (~100 ng) using a TaqMan
real-time quantitative PCR assay specific to the major
capsid protein (MCP) gene of ranaviruses (Picco et al.
2007; Brunner & Collins 2009). A 10-fold serial dilution
of DNA extracted from a Frog Virus 3-like ranavirus
grown in Epithilium papilloma cyprinia cells from 102 to
107 plaque-forming units (pfu/mL) was used as a stan-
dard against which unknown samples were quantified.
Samples with amplification in two or three wells were
scored as positive. Those without amplification in any of
the wells were scored as negative. Ambiguous samples
(1 well testing positive) were rerun and if at least one
well showed amplification on the second run, the sample
was scored as positive. Triplicates with a coefficient of
variation >15% were also rerun. Filter samples that tested
negative were rerun undiluted with an exogenous inter-
nal positive control (Applied Biosystems, ThermoFisher)
to detect PCR inhibition. Viral quantities for positive lar-
val samples are reported as the mean of the log10 pfu
across all wells of the sample, including zeros, per ng of
DNA in the reaction. Viral quantities for positive eDNA
samples were back-transformed to the mean log10 pfu
per filtered volume.

The primers and probe used in this qPCR assay per-
fectly match the corresponding sequences of all known
members of the genus Ranavirus from North America,
except for a single base pair mismatch with a Bohle-like
ranavirus isolated from a captive collection (Cheng et al.
2014) and considerable mismatching with the Santee
Cooper ranaviruses, which are a genetically unique lin-
eage found in fish (T. Walztek and K. Subramaniam, per-
sonal communication). It does not amplify members of
the two other genera of the family Iridoviridae that infect
vertebrates (the insect iridoviruses are even more geneti-
cally divergent from Ranavirus). We could not amplify
the MCP gene of the lymphocystis disease virus (genus

Lymphocystivirus) and Infectious spleen and kidney
necrosis virus (genus Megalocytivirus). Furthermore,
other than known ranaviruses, a PRIMER-BLAST search
with the primers of this assay only matched with one
organism, a sea anemone (Appendix S1, Supporting
information).

Statistical analysis

To test whether the average titre in eDNA samples
increased with the average titre in the livers of wood frog
larvae, we regressed eDNA titres against those from
wood frogs using the lm function in R version 3.0.2 (R
Core Team 2013). We also included the density (per unit
effort) of wood frogs and spotted salamander larvae
individually and amphibian species diversity (count of
species observed) in these regressions as covariates and
compared these models with a log-likelihood test using
the lrtest function in the package LMTEST (Zeileis &
Hothorn 2002).

To test how eDNA titres varied with time relative to
when a die-off event occurred (i.e. when carcasses were
noted), we compared a linear model with a model
including a second-order polynomial using the lm func-
tion. We found the maximum (peak titre in eDNA sam-
ples) of the second-order polynomial using the package
POLYNOM (Venables et al. 2015). We did the same to look
at how larval titres varied with time relative to when a
die-off occurred. We also tested whether concurrent
research in a pond affected eDNA titres using a student’s
t-test of the average eDNA titre in each pond, or occur-
ence of a die-off with a Barnard’s exact test.

Results

Mortality events, which appeared to decimate larval
populations, were observed in seven of the 20 ponds
from 3 June to 3 July 2013 (Fig. 1). All carcasses collected
in these events were positive for ranavirus infection
(Table 1), suggesting observed die-offs were due to rana-
virus infections. One pond contained no wood frog lar-
vae during sampling, presumably because predatory
larval marbled salamanders (Ambystoma opacum) were
present, thus a ranavirus-associated wood frog die-off
was not possible in this pond, although this salamander
may also carry ranavirus. The remaining 12 ponds had
no observed mortality events.

Seventeen of the 20 ponds had at least one positive
eDNA sample from each visit, two were negative in all
of the samples from the first visit, but had at least one
positive sample during the second visit, and one pond
was negative in all of the samples collected. In ponds
with observed die-offs, all eDNA samples were positive
during both sampling periods, with titres ≥3.05 pfu/mL.

© 2015 John Wiley & Sons Ltd
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Note that this includes samples taken over a month after
the observation of a die-off. The average eDNA titre was
over two orders of magnitude higher in ponds where a
mortality event occurred than ponds without
observed mortality events (average = 10!0.34 pfu/mL vs.
102.46 pfu/mL; bdie-off = 1.971 " 0.863, z = 2.284, P =
0.022). One pond where a die-off was not observed had
relatively high titres in eDNA samples and in larvae
(102.36 pfu/mL and 101.47 pfu/ng, respectively). How-
ever, metamorphs emerging from this pond were
infected and dying (collected for a different experiment,
E. M. Hall, unpublished), and thus, the die-off in this
pond may have occurred in the more elusive metamor-
phic life stage.

We did not observe signs of PCR inhibition in the
exogenous internal positive control reaction in the nega-
tive eDNA samples, which suggests that these were true
negatives. We reran negative DNA samples undiluted in
case the dilution to ~100 ng/reaction left the concentra-
tion of ranavirus DNA below the detection threshold.
Twelve of 33 samples that were negative when run with
~100 ng of DNA in the reaction (the concentration rec-
ommended by the manufacturer of the master mix)
showed clear amplification when run undiluted (150–
730 ng DNA per reaction). In most cases, inconsistencies

among eDNA samples (i.e. not all samples negative or
positive) were associated with low titres. In three visits,
two of the three eDNA filters were positive (at one pond
the two positives had titres ~10–27 pfu/mL while the
third was negative with no sign of inhibition), and at
four pond visits, one of the three samples were positive
with a very low titre (<2 pfu/mL) while the other two
samples were negative. Note that two eDNA filters
clogged before 250 mL could be filtered, ending up with
around 200 mL filtered, and three pond visits had less
than five larvae collected due to high mortality.

In the 20 visits at 12 ponds from which both eDNA
and larvae were collected, there was a strong relation-
ship between viral titres in the eDNA sample and those
found in the larvae (btitre = 0.838 " 0.155 t18 = 5.391,
P < 0.001), although titres in eDNA samples appear to
saturate with increasing titres in tadpoles (Fig. 1). Add-
ing wood frog or spotted salamander larval density did
not improve the fit of the model (v2 = 0.916, d.f. = 1,
P = 0.339; v2 = 3.394, d.f. = 1, P = 0.065), nor did includ-
ing observed vertebrate species richness (v2 = 0.178,
d.f. = 1, P = 0.673).

Across the seven ponds in which mortality events
were observed, eDNA titres increased as the pond visit
date approached the date mortality was observed
(Fig. 2); the peak titre predicted by in a second-order
polynomial fit to these data was at 3.7 days (day 0 = day
when ≥5 carcasses were observed; bdays = 0.033 " 0.015,
b2days = !0.004 " 0.001, F2,11 = 26.57, P < 0.001). Virus
was detectable in these eDNA samples at least 2 weeks
before and 5 weeks after the observed onset of the event.
Ranavirus titres in wood frog livers also increased as the
pond visit date approached the observed mortality event
and continued to increase afterwards (Fig. 3; linear
regression: bdays = 0.176 " 0.051, t4.26 = 3.507,
P = 0.022), and larval titres were higher when animals
were collected from ponds during die-offs compared to
before the die-off was observed and ponds without die-
offs (bbefore = !1.9738 " 0.6129, t9.501 = !3.221,
P = 0.009; bnever = !3.523 " 0.6982 t12.134 = !5.047,
P < 0.001).

In the eight ponds with research activities, four expe-
rienced a die-off and four did not, suggesting research
activities were not associated with die-offs (Barnard’s
exact test, P = 0.307); nor with higher eDNA titres
(t14.593 = !0.352, P = 0.73).

Discussion

We were able to detect ranavirus eDNA in pond water in
the field and found that titres in eDNA samples
increased with titres in tadpoles collected concurrently.
Also, the titres in ponds with die-offs increased leading
up to observed die-offs and declined afterwards, all of
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which suggests that eDNA detection methods are very
useful for understanding the distribution and dynamics
of ranaviruses in aquatic amphibians. Notably, we found
a large difference in virus titre in eDNA samples
between sites with and without observed die-offs, which
suggests with further study we could develop a predic-
tive model to determine probability of epidemics based
off this measure.

Current methods of disease surveillance require lethal
sampling and screening large numbers of animals to
have reasonable confidence of detecting ranavirus infec-
tion. The eDNA method allows biologists to bypass these
issues and determine the infection status of an aquatic
system (e.g. pond) without sampling animals. Although
not done here, the same eDNA sample can be used to
detect and quantify DNA of other pathogens (e.g. Bd, Bs)
or of amphibian species of interest (Rees et al. 2014).
Also, with further qPCR reactions, estimates of the ratio
of the viral DNA to host DNA to determine ratios of
pathogens to host densities are possible. Not only is
eDNA detection effective for detecting ranavirus in
ponds, but also this information could potentially be
used to develop models to predict the likelihood of mor-
tality events in this system. Altogether, our results sup-
port the use of this method for monitoring amphibians
for ranaviruses in wild populations, and potentially in
other contexts (e.g. aquaculture and the pet trade) as
well. On the other hand, if the intent is to calculate the
prevalence of ranavirus infection in a target species,
eDNA methods are not ideal as wetlands may be occu-
pied by multiple amphibian species and all infected
hosts are contributing to eDNA levels. We will first dis-
cuss our results about eDNA-based detection in the con-
text of establishing the distribution (presence/absence)
of ranavirus among ponds and then discuss how they
might be used to understand the dynamics of ranavirus
epidemics.

If the goal of surveillance is to document the presence
or absence of ranavirus at a site, then our results are very
encouraging and suggest surveillance based solely on
the presence of die-offs underestimates the occurrence of
ranavirus infections within wood frog populations. With
three 250 mL water samples, we were able to detect the
virus in every pond visit with infected larvae, which
equates to a diagnostic sensitivity of 1 relative to the gold
standard of tadpole livers, or 0.92 if we consider each
eDNA sample separately. We are unable to estimate the
diagnostic specificity (true negative rate) of our eDNA
samples as none of our animal samples tested negative.
Although because these ponds are occupied occasionally
by several species that may serve as carriers of ranavirus
(e.g. bullfrogs), our estimate may not be inferable to co-
occurring species. Therefore, this technique could be
used to investigate the presence or absence of ranavirus

infection at a site, and then upon finding positive results,
further sampling of animal tissue could determine the
infected host species.

Beyond documenting presence or absence of a patho-
gen, current disease surveillance efforts aim to estimate
the prevalence of infection in amphibian populations.
Ideally, we could relate pathogen eDNA concentrations
to pathogen abundance, as observed between concentra-
tions of target amphibian eDNA and their observed den-
sities (Thomsen et al. 2012; Pilliod et al. 2013). We
constructed a model to explore this relationship (see
Appendix S2, Supporting information). If we assume
that virus is shed into the water by infected tadpoles and
decays in water at constant rates, which are fast relative
to changes in host density or prevalence, then the equi-
librium amount of virus (V*) in the water is

V! " Larval density# prevalence# shedding

decay
:

This equation suggests that one could correlate viral
titres in water with the density of infected larvae (larval
density 9 prevalence). We did not, however, find such a
relationship, perhaps because of the limitations of our
data (e.g. rudimentary measures of density and all ani-
mals tested positive in a small sample size), or perhaps
because one or more of the assumptions of the above
solution—constant shedding rates and rapid decay—do
not hold.

Indeed, results suggest the shedding rate is not con-
stant. We found a strong relationship between viral titres
in eDNA samples and the intensity of infection in tad-
poles, as well as a sharp increase in viral titres in water
and tadpoles collected nearing observed die-offs. Both of
these observations suggest that shedding rates are not
constant, but instead increase throughout individual
infections and as an epidemic progresses. Brunner et al.
(2007) found that larval tiger salamander (Ambystoma
mavortium) became more infectious to na€ıve conspecifics
with time since exposure, which is consistent with
increasing virus production and shedding rate. If shed-
ding rates increase throughout an epidemic, our equa-
tion becomes more complex (see Appendix S2,
Supporting information). To account for variable shed-
ding rates, we would need to integrate over the time
since initial infection for all individuals in the model and
need to understand how host characteristics affect shed-
ding rate (e.g. body size, development stage, immune
response).

An increase in shedding rate over the course of an
epidemic helps explain the increasing, but saturating
relationship we observed between titres in eDNA and
tadpole samples. As the density of infected individuals
increases early in an epidemic and infections of individu-
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als increase in severity, we would expect to detect more
viral DNA in the water if shedding rates also increase.
However, mortality during the later stage of an epidemic
may reduce the density of infected larvae, so while the
individual larvae may have more intense infections and
shed more viruses into the water on average, there are
fewer of them doing so. To the extent that these two
effects balance each other, the amount of virus in the
water may be fairly constant at the epidemic peak. Alter-
natively, there may be a threshold when the water
becomes saturated with ranavirus DNA, as Pilliod et al.
(2013) and Thomsen et al. (2012) saw with vertebrate
DNA, which should be investigated further.

Whether ranavirus eDNA degrades at a constant or
rapid rate is also not entirely clear. If ranavirus DNA
decays in the environment as rapidly as that of other
viruses (e.g. Poliovirus in groundwater decays at
!0.79 pfu/day; Yates et al. 1985) and vertebrate hosts
(e.g. bullfrog DNA was detected for 25 days after source
was removed; Dejean et al. 2011), then ranavirus eDNA
detected in these vernal ponds would be from current or
recent infections. Johnson & Brunner (2014) observed a
rapid decline in the viability and detectability of rana-
virus in inoculated pond water. This suggests that the
ranavirus DNA in our eDNA samples had been recently
shed from tadpoles. However, Johnson & Brunner (2014)
and another study on the persistence of ranavirus in the
environment (Nazir et al. 2012) used virus grown in cul-
ture. Hypothetically, virus particles shed in amphibian
cells, mucous or other fomites may be protected from
microorganisms, exogenous nucleases, UV-radiation and
other factors that inactivate virus and degrade DNA
(Wommack & Colwell 2000). Taken together, an impor-
tant focus of research should be to further characterize
the persistence of ranavirus particles and DNA in natural
environments to better understand what eDNA titres
represent.

In summary, while eDNA titres did not correlate to
the prevalence of infection in a pond in our samples and
may not have a simple relationship with prevalence in
general, this method can be used to determine whether
ranavirus is present at a site of interest. eDNA titres may
even indicate whether an epidemic is about to happen
(low titres in eDNA samples representing low densities
of infected animals and/or low rates of shedding) or is
already underway (high titres). We were able to detect
ranavirus DNA in eDNA samples at least 2 weeks before
and several weeks after observed die-offs even when car-
casses were no longer found by dip netting. In the case
of surveillance programmes designed to detect ranavirus
in a pond, this suggests a potential to determine whether
an unoccupied pond has suffered a recent disease-associ-
ated die-off. Ranavirus-related mortality events are gen-
erally very quick in amphibian populations inhabiting

vernal pools, from days to a couple weeks (e.g. Brunner
et al. 2011; Wheelwright et al. 2014). This means that fre-
quent visits are necessary to have any confidence of
observing a die-off or even ranavirus infection with
moderate sample sizes. In contrast, our results suggest
that surveillance programmes using eDNA sampling
may have a fairly wide window of time in which to
detect ranavirus infections in a pond.

Note that because we did not collect field negative
control samples (ranavirus-free, DNA-free water filtered
in the field) during this experiment, we cannot rule out
contamination of samples in the field. However, we have
reason to think that this did not occur. First, field nega-
tives collected in the following field season by the same
researcher using with the exact same protocol and collec-
tor had no PCR amplification. Second, the negative
eDNA samples were collected immediately after samples
from positive wetlands, suggesting that the protocol was
robust to contamination in the field. If the low titres
detected in some wetlands were the result of contamina-
tion, our estimate of the sensitivity of this method is
inflated, although the overall patterns hold (i.e. Figs 1–3).
Use of field negative controls, regardless of sampling
technique, will help ensure that samples are free of con-
tamination and the data can be used with confidence.

While our data suggest that eDNA methods are a
viable and attractive alternative to traditional methods
for detecting and quantifying ranavirus in aquatic
amphibian populations, several issues will need to be
addressed before this method is widely used for routine
surveillance. First, although the eDNA samples had a
high diagnostic sensitivity to detect ranavirus infections
in sites with high titres in animals and where mortality
was observed, in one pond visit ranavirus was detected
at very low levels in only one of three of the eDNA sam-
ples while titres in larvae were low (100.2 pfu/mL).
There is potentially a threshold density of infected larvae
below which detection is less likely, such as early in epi-
demics, and sampling design may have to be adjusted to
compensate for this. Future experiments should deter-
mine the relationship between sampling design and this
threshold, both in terms of virus concentrations in water
and densities of infected larvae. This latter threshold
could also vary between host species because they may
shed virus at different rates. Determining whether these
thresholds are influenced by characteristics of the envi-
ronment (e.g. water chemistry) or host population (e.g.
stage, density) should be addressed in future research.

Second, determining the proportion of viral DNA in
water that is detected by eDNA-based methods is critical
to interpreting results. The efficiency of the method will
affect the detection threshold. Johnson & Brunner (2014)
estimated this efficiency at ~40%, which is encouraging,
but they used a different filter and extraction protocol.

© 2015 John Wiley & Sons Ltd
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Based on the observation that initially negative eDNA
samples tested positive when used undiluted in the
qPCR reaction, one could increase the analytic and diag-
nostic sensitivity of these methods using undiluted
extracted DNA and then diluting or otherwise removing
inhibitors from the sample only if the exogenous internal
positive control shows signs of PCR inhibition (a prob-
lem we did not have).

Finally, a note of caution: the high analytic sensitivity
of qPCR, which enables detection of extremely rare tar-
gets, also makes it prone to false positives due to even
trace amount of target DNA. Extreme caution must
therefore be taken to prevent contamination (Darling &
Mahon 2011). Field negatives should be included in the
sampling protocol and subsequent processing. These are
filters treated identically as the other eDNA samples,
only filtering clean water (e.g. store-bought spring water
or molecular-grade water from the laboratory) instead of
pond water. This will help identify when contamination
has occurred. Furthermore, as ranaviruses are multiple-
host pathogens, co-inhabiting fish and/or reptile species
can pose a challenge if using eDNA sampling for surveil-
lance of infection in amphibian populations.
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